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Antibody staining

Polyclonal antibodies are made by injecting animals, usually mammals, with the protein of interest, and usually contain a mix of many different immunoglobulin types that react with various parts on the target protein.  Most commercially-available polyclonals are supplied as purified serum from the immunized animal.  Monoclonal antibodies are made by isolating clones of antibody-producing cells from an immunized mouse, fusing them with an immortalized tumor cell line, culturing the resulting hybridoma, and collecting the antibody these cells secrete.  Most commercially-available monoclonal antibodies come either as affinity-purified cell culture supernatant, or as ascites fluid, which is made by injecting hybridoma cells into the body cavity of a rodent, allowing them to form a tumor, and collecting the peritoneal fluid.  The Developmental Studies Hybridoma Bank supplies many useful monoclonals as raw supernatant.  We often keep dilute antibodies, like the ones we obtain from the hybridoma bank, thawed in the refrigerator, but we keep concentrated stocks in the freezer, diluted to 50% glycerol so they won't freeze.  Freeze-thaw cycles are bad for antibodies (and protein solutions generally).

Every antibody has to be tested to figure out the best dilution to use it at, but most people don't have the time to do so rigorously, and just guess.  Most polyclonal sera can be used at a dilution of 1:100 to 1:1000; some, that haven't been purified very far, require less dilution.  Ascites fluid is usually concentrated enough to use at 1:500 or less.  Culture supernatant often can only be diluted as little as 1:10; sometimes you even have to use it undiluted.  Many suppliers are thoughtful enough to measure the antibody titer, or even the amount of immunoglobulin, and the ideal dilution is usually something on the order of 0.1-10 g/ml.  Almost all fluorescently-labeled secondary antibodies that we use work fine at a dilution of 1:1000 or so.  We have had great luck with the secondaries provided by Molecular Probes, and we especially like their Alexa conjugates.

We routinely stain embryos in PBS with 0.1% Triton X-100.  Some antigens, or some antibodies, or who knows what, don't seem to like Triton, or don't seem to like PBS.  Alternatives include PEM for the buffer, and NP-40
, Tween-20, Tween-80 or saponin for the detergent.

Starting with embryos that have been fixed and, if necessary, borohydride treated and returned to PBS:

1. Wash the sample with PBT once, long enough for embryos to settle.

2.  Replace PBT with 5% normal goat serum in PBT.  This blocks non-specific binding of immunoglobulins (hopefully!).  Formaldehyde-fixed embryos usually need only perhaps a half-hour of blocking, while rocking at room temperature, but glutaraldehyde-fixed embryos probably require much longer, even overnight in the fridge.  Blocking may not be needed with many purified antibodies.

3.  Rinse embryos once more with PBT, long enough for them to settle.

4.  Add primary antibody diluted in PBT, and incubate at room temperature on a rocking platform or a rotator.  Formaldehyde-fixed embryos require as little as a couple hours to stain fully, but glutaraldehyde-fixed embryos can require many days for the antibody to penetrate completely (if it does at all).  Ideally one should conduct long incubations in the fridge, or replace the antibody with fresh solution after 24 hr.

5.  Wash 3x in PBT; 15-20 min washes are fine for formaldehyde-fixed embryos, but wash longer (over a period of hours) for glutaraldehyde-fixed cells.  Again, leave them in the fridge if you need to pause overnight.

6.  Add secondary antibody diluted in PBT, and follow the same advice as in step 4.

7.  Wash 3x in PBT, as in step 5.

8. If embryos are to be stored, stained with phalloidin, or mounted immediately, rinse quickly in several changes of PBS to eliminate the detergent.  Otherwise, repeat with other antibodies.

Volume of solutions to use: we usually stain embryos in 1.5 ml microcentrifuge tubes.  Most embryos settle pretty well in these, they aren't as sticky as glass vials, and they're a convenient vessel if working with hundreds of embryos in volumes from 200 l to 1 ml.  As a very rough guide, 500 l of antibody solution is usually plenty to stain about 50-100 fly embryos, 500 urchin embryos, or several thousand oyster embryos.  Obviously this depends on the antibody, on the abundance of the antigen in the sample, etc.  But the point is you don't want to skimp on antibody, no matter how expensive it is, and end up with lousy staining so that you have to do it all over again, and you don't want to concentrate it more than its effective dilution or you'll get non-specific staining.  So if you have 5000 fly embryos to stain, do it in a bigger volume.

Some people like to affix their specimens to coverslips or slides before staining, then do all the staining on the glass.  One requires a humid chamber for this, and a standard solution is a 140 mm petri dish (with lid) lined with a circle of Whatman paper, soaked in RO water, topped with a square of Parafilm to rest the coverslips upon.  We've never gotten used to this method; it always seems to result in squished embryos either from drying out or other accidents – with tubes, you never get the butter side down.  However there are commercially-available coverslips with a rubber gasket and, in some versions, access ports to add and remove reagents, that might make things easier.

Phalloidin

Let me just say that I have spent my entire adult life fooling around with embryos and phalloidin, and it has been a great source of frustration.  Phalloidin is a fungal toxin that binds to filamentous but not monomeric actin.  It is available conjugated to almost every fluorescent dye ever made.  My frustrations with it have to do with the fact that it is finicky if what you're after is wispy, hard-to-fix filaments deep in murky eggs.  However, it is a wonderful, reliable stain if what you're after is cell outlines or muscles or something.  Usually phalloidin stains cell outlines very brightly, especially in embryonic epithelia.

Phalloidin conjugates are usually supplied as a dry smudge in the bottom of a tube.  Molecular Probes is the major supplier of fluorescent phalloidins.  They recommend dissolving the phalloidin in methanol at 1 Unit / 5 ul of methanol, which is then kept in the freezer.  The unit definition is based on tissue culture cells, so I'll substitute my version: one Unit is about enough to fully stain 100 fly embryos or 500 urchin embryos.  We've found that one can also dissolve the phalloidin in DMSO and leave it frozen, thawing it each time before use.  Because one probably doesn't want to soak samples in DMSO, we recommend making a DMSO stock at 1 U/ul.  We don't know how long it lasts this way, but it works for several months.  As far as we can tell methanol stocks are probably stable for years.

Before staining with phalloidin, the methanol stock must be dried.  ANY trace of methanol at ANY step before or after phalloidin staining will ruin your day/week/month/whatever.  The same goes for ethanol.  There is one exception: formalin, which is a 37% solution of formaldehyde, is a perfectly good fixative, despite the fact that it contains methanol.  Go figure.  At any rate, although it says to use a SpeedVac to dry down the phalloidin, in fact all you need to do is take however much you want to use, put it in an open dish or an unsealed tube, and leave it in a drawer for a while to protect it from light while the methanol evaporates.  Check under the microscope to make sure it's all dry!  (One advantage of using a DMSO stock is that I don't have to remember to start the phalloidin drying in advance…)

Starting with embryos in PBT:

1.  Dissolve dry phalloidin or DMSO stock at 3-10 U/ml in PBT.  Pipette the solution a bit to make sure all the crystals dissolve.

2.  Replace PBT with phalloidin staining solution, and incubate embryos for 30 min – 2 hr.  Longer probably doesn't help, and could hurt.

3.  Wash embryos 3x in PBS, not PBT; in general we do not let these post-phalloidin washes take more than 20 min. apiece.  Detergents will make the phalloidin slowly come off the sample.

4.  Mount immediately, whether in Murray Clear or aqueous medium.  If using Murray clear, one must use an isopropanol series
 instead of methanol or an ethanol series.

An important note: you need to choose among a bewildering array of phalloidin conjugates out there.  One can get practically any color from Molecular Probes, using some really wonderful fluorophores.  Our favorite is the BODIPY-FL phallacidin, which is a fluorescein-like dye.  It is very bright, very stable compared to fluorescein or rhodamine, and it is the least sensitive of any we've tried to our isopropanol/Murray Clear procedure.  If you are primarily interested in visualizing cell outlines using the confocal, the Alexa 488 and 568 dyes are quite good also.  The problem is that they seem not to be quite compatible with isopropanol/Murray Clear mounting.  Although they often stain very nicely, the stain disappears rapidly as one examines the embryo.  This seems to be somewhat dependent on the embryo (we don't notice this problem as much with fly embryos, and it is most severe in mollusc embryos), the fixation (shorter is better), and unknown factors like sunspots and karma.  So the bottom line is: if you plan to use Murray Clear, you are best off using BODPIY-FL phallacidin.

Note that there are two "phalloidins": phalloidin and phallacidin.  With regard to Murray Clear, it is possible that it is the phallacidin that is important, not the choice of fluorophore.  The fluorophore gets coupled to the opposite side of the molecule in phallacidin derivatives.  Unfortunately Molecular Probes makes only four phallacidin derivatives: BODIPY-FL, BODIPY-TR-X (Texas Red-like), NBD, and coumarin.  Coumarin is UV-excited, and NBD photobleaches very rapidly.  We haven't yet tried the BODIPY-TR-X phallacidin.  

Propidium Iodide

Many of the small-molecular-weight dyes that bind to DNA are either unsuitable for the confocal (unless you are lucky enough to have one that excites in the UV range) or are impossible to use in Murray Clear.  Propidium Iodide (PI) is an exception.  It is cheap, very bright, almost unbleachable, and fast, and it works just fine in Murray Clear, whether you use methanol or isopropanol.

PI stains both RNA and DNA, which can be very useful – if you just want the confocal equivalent of an old-fashioned hematoxylin- & eosin-stained section, then PI is quite handy.  However if you want to see just the DNA, you need to treat your sample with DNase-free RNase before staining.  We use RNase A, boiled for 15 min. to denature DNase, in a stock solution of 100 mg/ml in PBT, aliquoted and frozen.

PI can be dissolved in water to make a stock at 2 mg/ml.  This seems to become less and less potent over the course of a few weeks.  DMSO will allow one to make a more concentrated stock that may last longer, but I haven't tried it.

1. Starting with embryos in PBT, add 1 mg/ml RNase and soak for 30 min. – 2 hr. at 30-37˚.  For small embryos fixed with mild glutaraldehyde, 1 hr. seems more than adequate.  Omit this step if you want to visualize RNA, naturally.

2. Rinse in PBT.

3. Apply PI in PBT at 2–10 ug/ml. and soak for 30 min. – 2 hr.  I often combine PI staining with phalloidin.

4. Wash 3x in PBS, 10-20 min. ea.  Embryos will be quite pink, but some of the stain will come out as they are washed.

5. Mount immediately because otherwise the stain will dissipate in storage.

Warning: DNA dyes are usually mutagens.  DON'T get them on you, and if you do, get them off quick.  Be especially careful when weighing such dyes not to spread dust around or breath it in.  Propidium Iodide is probably not very good at getting into cells, but why risk it.  Also, dispose of PI staining solution (and post-staining wash) in a separate container.

DAPI and Hoechst

These UV-excited dyes are not useful on confocals without an UV laser or a multi-photon setup, but they are very bright, quick-to-stain, and cheap.  Neither labels cytoplasm significantly; unlike Propidium Iodide, no RNase treatment is necessary.  Hoechst may even be useful on live cells, but I've never tried that.  There are two commonly-used flavors of Hoechst: 33342 and 33258.  The former is more soluble in water, and Molecular Probes claims it is more cell-permeant, but other than that I'm not sure there's any difference.  DAPI and Hoechst have approximately the same excitation and emission maxima, but I've always thought Hoechst looked a little nicer.  Hoechst is also called bis-benzimide.

Both dyes can be dissolved as stock solutions at 100 M to 1 mM in RO water (not PBS, which will make Hoechst, maybe DAPI too, precipitate).  This means up to 3.5 mg in 10 ml for DAPI and 6.4 mg in 10 ml for Hoechst.  The stock solutions should be stored in a dark fridge (wrap tin-foil around a 15-ml tube) and are probably good for a year.

They are both effective somewhere in the nano-to-low-micromolar range, but exactly where needs to be determined for each application.  For Drosophila embryos I dilute the stock (for either dye) 1000-fold in PBS or PBT.  For early embryos permeabilization is probably unnecessary, but it might help later on with denser tissue.  Staining should be complete within minutes, certainly no more than a half an hour.  Rinse with PBT at least 3x after staining.

Warning: As with all DNA dyes, be especially careful when weighing the powder out not to spread dust around or breath it, and handle stock solutions with gloved hands.  Hoechst and DAPI are cell-permeant according to the Sigma catalog.  Dispose of DAPI and Hoechst staining solution and the post-staining washes in a separate hazardous waste container.

Sodium borohydride

Fixation with glutaraldehyde is often necessary to accurately preserve morphology or dynamic intracellular structures like microtubules.  However in many cells glutaraldehyde renders the cytoplasm autofluorescent.  It has never been clear to me why some cells do this and others don't, or whether this happens because of antibodies sticking to unreacted aldehyde groups, or because glutaraldehyde fixes soluble cytoplasmic components in place, creating a tight enough mesh to retain non-specifically-bound antibodies.  Whatever the cause, many people have recommended treating the tissue after fixation with Sodium borohydride to get rid of the autofluorescence.  You may or may not need to do this with your particular cells, and it may or may not help… some kinds of yolky autofluorescence remain after borohydride treatment.

Borohydride is a reducing agent, and I presume it reacts with free aldehydes (glutaraldehyde has two reactive groups and thus could remain covalently bound to something in the sample with a free group left, which could subsequently react with antibodies).  It seems to have a very short half-life in aqueous solution, so you must make it up immediately before use.

I use a very approximate recipe: one dash per 10 ml PBS.  I'm aiming for 0.1%, but I don't think one needs to be too accurate.  The solution bubbles, and I believe the bubbles are hydrogen gas.  DO NOT CAP YOUR SAMPLES during borohydride treatment or they will explode.  More concentrated solutions will bubble more vigorously, and less concentrated solutions, well, they probably won't work as well.  I suspect that too much bubbling will damage embryos.

Also, DON'T treat embryos with borohydride in the presence of detergent.  It makes a real mess; instead of bubbles you'll get foam, and the foam traps the embryos (as even small bubbles can do), and the embryos dry out, get deformed, etc.  If samples are stored in detergent-containing solutions, wash them at least once or twice in PBS before adding borohydride.

PBS seems to be a good buffer for borohydride treatment.  PEM (PIPES/EGTA/MgSO4) foams even without detergent, so I suspect something in it reacts with borohydride.  Tris seems O.K.

1. Wash embryos in detergent-free PBS, at least once.

2. Add a dash of dry borohydride to PBS, approx. 0.1%, no more than 5 min. before use.

3. Replace PBS with borohydride solution.

4. Let sit for at least 30 min.; I work with small embryos that easily get trapped by small bubbles, so I usually let my sample sit for an hour or two to de-bubble.

5. IF your embryos settle nicely, you may want to replace the borohydride with freshly-dissolved stuff after about 10-20 min.

6. Replace most of the borohydride solution with PBS; watch for embryos stuck to the side of the tube, or resting on top of a bubble on the wall.  This wash will bubble a bit too.

7. Replace PBS with PBT.

Poly-lysine-coated slides

Live or fixed cells will stick to glass coated with poly-L-lysine.  EMS recommends the 150-300 kD variety, but whatever it is that Sigma sells works just great.  The standard recommended concentration is 0.1%, but we often use a little less because big flabby embryos, especially urchin eggs for some reason, often become deformed as they adhere.  The poly-lysine solution needs to be made up fresh every once in a while, and last longer in the fridge.  It comes as a sort of "wool" that is hard to weigh out accurately, but thankfully you don't have to be precise.  We usually make up about 200 ml at once, using about 100-150 mg of the wool.  It takes a while to dissolve completely, and sometimes never does.  I never bother to filter it.

There are several ways to apply it to slides.  One can simply apply a good-sized drop with a pipette to a clean slide or coverslip, and then smear across with the edge of another slide.  Stand the slide on end to dry; it's useable as soon as it's dry.  Coated slides don't last, and I always make mine just before using them.

The other way is to dip the whole slide or coverslip in a jar of the solution.  If you do it this way you don't have to remember which side of the slide is coated.  It helps to add a wetting agent like Kodak PhotoFlo (which every darkroom has); just add it to the stock solution at 0.1%.  Stand the slides up to dry.  If you plan to settle live cells onto them, e.g. for time-lapse movies, you probably need to rinse off the PhotoFlo.  Just run the slide under a gentle stream of cold tap water and then dry them again.  This makes them a little weaker, but they still work as long as they're fresh.

Be warned that some things don't stick to poly-lysine well at all, and some things stick way too well.  The main thing that doesn't stick is vitelline coats and fertilization membranes.  Urchin embryos that still wear their coats won't stick well unless the poly-lysine is strong and fresh, and some coats, like the ones on ctenophore eggs, don't seem to stick at all.

Murray Clear

Many embryos are so large and yolky and consequently opaque that it is very difficult to see further than 10 microns or so into a fixed embryo mounted in aqueous medium like 90% glycerol or Fluoromount.  Even with relatively clear cells like sand dollars embryos, the difference in refractive index between the immersion oil and the mounting medium can fuzz out the signal enough to make good confocal sectioning deep in the embryo impossible.  One almost-universal solution is Murray Clear, a 2:1 mixture of benzyl benzoate and benzyl alcohol.  This recipe is even adequate to clear the very muddiest of fixed embryos; for example fly embryos (~150 um diameter) can be rendered completely invisible in Murray clear.  Of course large, opaque eggs (>300 microns) are a little more difficult, but Murray clear will get you somewhere that the commonly-used aqueous media just won't.

Murray Clear is immiscible with water, and therefore one must transfer embryos through alcohols first.  A standard procedure is to replace whatever aqueous solution the embryos have been stained in with 100% methanol, change it twice, then replace the methanol with Murray Clear, and replace the Murray Clear with fresh.  Of course, your sample will disappear (hopefully) with the first addition of Murray Clear, and therefore you must either be sure they settle (e.g. by giving them a little spin) or have them affixed already to a slide (e.g. by poly-lysine).  We like the latter, which lets us do everything in short-form Coplin jars.

The methanol transition is fine for most stains, very fast, and results in the least shrinkage.  However it is incompatible with phalloidin, fluorescent conjugates of which are very useful stains (for F-actin).  Any trace of methanol will abolish most phalloidin staining.  Therefore many people categorically state that Murray Clear can't be used with phalloidin.  This is not true; I discovered some time ago that an isopropanol series, with very brief steps, will allow phalloidin staining to remain, and yet still enable clearing with Murray Clear.  Ethanol will extract the phalloidin, and indeed so will isopropanol if the sample is let sit too long in it.  My standard procedure is to use a series of 30 sec. – 1 min.
 steps: 1x 70%, 1x 85%, 1x 95%, 2x 100%, 3x Murray Clear.  Note that we get the best results with BODIPY-FL phallacidin, and better luck generally with phallacidin derivatives; although Alexa derivatives reveal the same structures the stain disappears rapidly in Murray Clear.

The isopropanol transition shrinks embryos a little more than methanol, and doesn't clear really yolky eggs quite as well.  It's also difficult to do in tubes (but easy to set up in Coplin jars – use the short kind of jar, where the slides stick up above the rim, so you can grab them quickly).

Once your embryos are in Murray Clear, you'll need to get them onto a slide.  In fact, I usually like to do the whole process with my embryos already stuck to poly-lysine slides (this lets one set up a series in Coplin jars, which is very handy when quick changes are important).  However you get your embryos on a slide, you usually need to provide some kind of spacer to hold a coverslip over your embryos without squishing them.  Several kinds of tape work fine (regular single-sided Scotch tape is about the right thickness for many marine embryos; a double layer may be necessary for some larger embryos).  Double-stick tape is tempting because it is about the right thickness and grabs the coverslip, but on its own it makes a mess in Murray Clear because the adhesive is soluble.  One can add thin spacers of single-stick tape between the double-stick and the embryos.  For thicker embryos, fragments of #2 coverslips can be epoxied onto slides as shims.

Once you've got a coverslip on top, you need to seal it somehow.  Clear nail polish is alright for preps you intend to look at immediately, but it never truly hardens, and Murray Clear seeps out through it, so the slide dries out within days to weeks (however, because nail polish never hardens, you can scrape it away and replace the Murray Clear).  My favorite is Cover Girl.  Others recommend Sally Hansen's Hard as Nails, but it's too gooey.  Don't use colored nail polish or you will get a lovely counterstain that usually ruins your fluorescent signal (however if you have something like HRP staining that leaves a dark precipitate, the counterstain from some orange or pink nail polishes can really make a nice prep).

For semi-permanent mounts, you can use quick-set epoxy instead of nail polish.  I use the 5-minute variety.  You must be very careful, with epoxy, to make the thinnest rim possible, because otherwise it can get in the way of high-power objectives.  I apply it with a toothpick, and then carefully smooth it out, making sure there aren't any ridges higher than the thickness of a coverslip.  If these slides are completely sealed properly and kept in the freezer they can last for months.

Buffers

Many people are under the impression that making accurately pH-buffered solutions requires hours of tedious dripping of acids and bases into a stirred beaker while hunched over a pH meter whose calibration continually drifts.  However, it is really much more straightforward.

A buffered solution contains a weak acid (HA) and its conjugate base (-A), or a base (B) and conjugate acid (+HB).  For simplicity I'll assume an acid such as HEPES or PIPES.  Buffering of pH fluctuations occurs in the range in which the acid is titrated to the conjugate base, or vice versa.  This range is centered around the pKa for the compound in question; the pKa is the pH at which equal amount of acid and conjugate base coexist at equilibrium.

Most buffers, like HEPES and PIPES, can be purchased either as the free acid or as the sodium or potassium salt.  Thus, instead of hunching over a pH meter, if you want to make a buffer solution exactly at the pKa of a certain buffer, you need only mix equimolar parts of the free acid and salt at the desired concentration.  If you want to make a buffer at a specific pH, you need only use the Henderson-Hasselbach formula to figure out what ratio to use:
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or
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Here's some approximate values for easy-to-make molar ratios such that one has a 1 M solution of the buffer:

	pH shift (to the acid side of pKa)
	Ratio of base, [-A], to acid, [HA]
	pH shift (to the basic side of pKa)
	Ratio of base, [-A], to acid, [HA]

	-0.75
	150:850
	+0.1
	550:450

	-0.6
	200:800
	+0.2
	600:400

	-0.5
	250:750
	+0.3
	650:350

	-0.4
	300:700
	+0.4
	700:300

	-0.3
	350:650
	+0.5
	750:250

	-0.2
	400:600
	+0.6
	800:200

	-0.1
	450:550
	+0.75
	850:150


Usually you will still need to adjust the pH with drops of concentrated NaOH or HCl.  pKa changes with temperature for most buffers, and many manufacturers list pKa/˚C; it's usually around –0.01, so the same buffer solution at winter's room temperature can be as much as a tenth of a pH unit higher than in summer.  Also one might want to take into account whether the buffer will be used at ice, sea, room, or physiological temperature.

You should make sure, when adjusting the pH, to test at the expected dilution; a 1 M stock solution of HEPES usually has a significantly higher pH than a 0.1 M solution.

Of course you may not want to buy both the free acid and the salt; it's usually more economical to buy more of the free acid and use KOH or NaOH to bring it to the desired pH.  Of course the same table above applies; for example to get a –0.6 pH shift, from the pKa, add NaOH to 200 mM to a 1 M solution of the free acid.  If you use KOH instead of NaOH you should be aware that the pellets one buys are actually only 80-90% KOH (I don't know what the rest is; I assume water).

The free acid is usually preferable because, although it is usually harder to dissolve than the salt, and is sometimes more expensive, it allows one better control of the ionic composition.  For example, if one starts with a 1 M solution of the sodium salt of HEPES, titrates it back to pH 7.4 by adding HCl to ~410 mM, the result is actually a solution of 1 M HEPES, 0.42 M NaCl.  If you're making buffers for use in fixatives, it is often critical to control the tonicity and ionic strength, and there is no point forcing yourself to add salts when you don't need to.

Usually, but not always, one should choose a buffer with a pKa within 0.5 units of the desired pH.  This is because the buffer titrates most slowly around the pKa.  Most buffers are nearly useless more than 0.7 units away from the pKa; manufacturers list recommended ranges, and there are some exceptions (like citrate and phosphate buffers).  Buffering capacity is a function of the concentration of the acid and conjugate base.  If you are concerned about keeping a solution from acidifying during the course of some reaction (like fixation) then you need to have enough of the base around to soak up the expected amount of protons.  Thus, all other things being equal (which they never are), if you want a fixative at pH 7.5 and you are afraid of acidification, you are better off using something like MOPS with a pKa ~7.3 than you are using EPPS with a pKa of ~8.0.

There are certain cases where other considerations influence the choice of buffer.  For example, I'm afraid of using Imidazole, even though it is cheap and has a pKa right where I need it, because I worry it might react with glutaraldehyde.  For another example, in making fixatives to pH 6.9 I use HEPES instead of PIPES, because I use the buffer (the dissolved acid) as a tonic agent and I am eager to minimize ionic strength; PIPES, at an equivalent concentration, would require that the fixative have a much higher ionic strength.  I don't know why, but I've never had good luck using carbonate or phosphate buffers for fixatives.  Citrate buffers chelate calcium.  PIPES is supposed to be good for microtubules.  I've been told that cacodylate penetrates rapidly, but I don't know relative to what… 

 Simple fixatives

Acetic acid/glycerol prep for yolky eggs

Although not really a fixative, M. Strathmann recommends the following wonderful technique of Wilson's for clearing yolky embryos, which I didn't believe would work until I tried it.  I haven't looked up Wilson's method, but what I do is this:

1. To embryos in seawater in a small glass dish or vial, add glacial acetic acid dropwise.  Wait a few seconds between each drop, and stop when you've got 20-50% acetic acid.

2. Pipette up and down a bit to mix, then remove about half the fluid.

3. Add 50% glycerol dropwise, waiting a bit between each drop.  Once you've got about 30% glycerol in there, stop, stir it up, and let it sit for an hour or so.

4. Remove a little bit of the fluid if you can, then add straight glycerol dropwise.  Try to trap embryos under or between the drops of glycerol.

5. Let it sit for a few hours, and if you can, replace a little of the fluid with straight glycerol.  Pipette embryos onto slides and coverslip them (using shims to avoid squishing the embryos), or use a depression slide to observe in a dissecting scope.

Some embryos get quite beautifully clear this way, making cell outlines and nuclei easy to see.  The prep won't last long, but it is easy, cheap, and occasionally useful.  Perhaps it could be combined with mild fixation (like adding 0.2% glutaraldehyde to the 50% glycerol) to make the preps last, or with some sort of stain to help reveal cell outlines.

4% Formaldehyde in PBS/Seawater/PEM/whatever

Millions of embryologists can't be wrong; lots of papers claim that all they've used to fix their embryos is 10 min. – 1 hr. in 4% formaldehyde (FA) in some sort of simple buffer, or even in straight seawater in the case of marine embryos.

For fruitfly embryos I don't doubt this is pretty good; our standard fixation for post-blastoderm embryos is 30 min. in 4% FA in PBS or PEM.  The morphology is good, and many antibodies work great after this treatment.  The formaldehyde may be from EM-grade stock (i.e. made from paraformaldhyde in water) or formalin (which is a 37% solution containing a small amount of methanol) or from dry paraformaldehyde.  The exact concentration of buffer and salts doesn't much seem to matter.  A major advantage of this fixative is that it is usually easy to stain with antibodies afterwards.  Most antigens aren't harmed by low-strength formaldehyde, and it doesn't crosslink enough to impede antibody penetration much.

However, for early cleavage stages of marine animals, or for marine larvae that have large fluid cavities, I have not found such fixatives very suitable.  In addition, even when the gross morphology of the embryo is well-preserved, often the individual cells change shape (sometimes dramatically).  Furthermore, dilute FA alone rarely preserves sub-cellular structure accurately.  Indeed one can be very creative with 4% FA!  Thus, if what you care about is to localize some protein within a dense annelid gastrula or something like that, this fixative may be best, but if what you want to do is show that active MAP kinase is localized within some fine lamellar protrusions of epidermal cells in the same embryo, you'll probably have to try something else.

Following are several recipes I've used that do more or less good enough for various purposes.  Aldehyde-based fixatives need to be prepared fresh from stock solutions and used within a day of preparation.

1A) PBS/FA (or PEM/FA)

1 part 20% EM-grade formaldehyde; 4 parts PBS; add in 10-fold excess to embryos in seawater, fix for 10 min. – 1 hr.

This is trivial to make up in a hurry, swells embryos due to difference in tonicity between PBS and seawater, thus seems to penetrate quite fast.  Also it can make opaque embryos much easier to look at because the edges of the cells clear as the cytoplasm shrinks away.  (Note: obviously this makes it a bad idea to pay attention to cell shape or sub-cellular distribution of probes in embryos fixed this way!)

One can use PEM or similar buffers in place of PBS; the standard recipe for PBS has very little buffering capacity compared to PEM.

By the way, I don't have good luck adding detergents to fixatives that contain only formaldehyde and salts.  Usually antibodies can penetrate embryos fixed with formaldehyde alone, as long as the staining medium contains detergent.  If you want to try detergents in the fixative, I'd suggest starting with one that involves non-ionic solutes, or has some glutaraldehyde in it.

1B) PBS/Salt/FA

Identical to #1A but include 1 part 2 M NaCl and use 3 parts PBS.

The added salt will compensate for the tonicity of seawater, and one can adjust the amount of salt to achieve a desired effect.  Thus one won't get much swelling, and one won't get the nice clearing effect of #1A.  For some reason, high salt concentration in the fixative causes cells to shrivel or burst, even if the tonicity seems right, and thus this recipe is completely useless (in my hands) on early cleavage stages of most embryos.

One might substitute higher-strength buffer instead of added salt; e.g. 3x PBS.

2) HEPES/EGTA/Sucrose/FA (Ed's ascidian fix)

2 parts 20% EM-grade formaldehyde; 1 part stock buffer containing 1 M HEPES free acid + EGTA free acid, pH 7 (see notes on buffers); 3 parts 1.75 M Sucrose; 3 parts distilled water; add 1 part seawater with embryos in it.  Fix 10–30 min.

The concentrations of components are:

4% FA

100 mM HEPES pH 7.0 (+ ~15 mM Na+)

50 mM EGTA (+ ~110 mM Na+)

525 mM Sucrose

+1/10th part seawater (approx. equivalent to 55 mM salt)

I use a 1.75 M Sucrose stock solution is because it's annoying to dissolve higher concentrations.  The osmolarity, if you use a HEPES/EGTA stock solution that's made up from free acid and titrated to pH, is close to seawater but still hypotonic (assuming the formaldehyde doesn't contribute).  At any rate, the amount of sucrose can be adjusted to prevent shrinkage or swelling.  The amount of formaldehyde can be varied from 1% up to 8% or more; sucrose (or other sugars) seems to protect from some of the nastier effects of increasing fix concentration.  Also one can add detergent (e.g. 0.1% NP-40) to improve penetration and subsequent immunostaining.

I made this up when Ed Munro asked me what I would guess would be a good fix for ascidian embryos, many years ago.  Surprisingly it worked fairly well, and he wrote a whole thesis using more or less this recipe.  However he says he never got decent microtubule staining deep in the embryo (i.e. through many layers of cells), and that mirrors my experience with sugar-containing fixatives in early embryos; my guess is that the sugars prevent extraction of cytoplasmic proteins to the extent that antibodies have a hard time getting in.  Ed also says that he had less trouble with embryos clumping when he used lower sucrose concentrations (e.g. 400 mM), and I think he often substituted PIPES for HEPES.

Glutaraldehyde in seawater

2.5% glutaraldehyde in seawater is a trivial-to-make fixative that will preserve early stages of many marine embryos very nicely for SEM.  I don't think it will do a good job with ciliated larvae, and I know it is not usually good for larvae with large internal fluid cavities (like plutei).  I have not done a lot of SEM work, but I have tried a little bit with ascidian embryos and various molluscs (mostly early cleavage stages) as follows:

1. Transfer embryos in seawater to 2.5% glutaraldehyde in seawater, made from adding 1 part 50% glutaraldehyde to 19 parts filtered seawater, and fix for 2 hr.

2. Wash in filtered seawater twice, 5 min. each.

3. Wash in distilled water twice, 5 min. each.

4. Fix in 1% osmium tetroxide for 2 hr.

5. Wash in distilled water twice, 5 min. each.

6. Replace water with 30% ethanol for 5 min., then 50% for 5 min., then 70%; at this point samples can be stored, or continue through the ethanol series and critical-point dried (e.g. using HMDS or a critical-point drying apparatus).

I noticed several defects with this simple method, which included: serious crenulation of early-cleavage urchin embryos; small eruptions and perforations on the surface of early ascidian blastomeres; slight shrinkage of cells in the interior; and clumping of microvilli on Tritonia blastomeres (although this last effect may have been due to the HMDS, not the fixation).  One could surely improve matters by adding a buffer (most suppliers provide 50% glutaraldehyde unbuffered in distilled water, which usually has an acidic pH).

Glutaraldehyde/Formaldehyde/Acrolein/Triton-X/etc. cocktail – Elixer of Death

We've developed a fixative cocktail that we use extensively for simultaneously preserving actin filaments and microtubules in urchin, mollusc, and jellyfish embryos.  It's adjusted to work on these structures in these particular stages, and it is not such a good fixative once the embryo has internal fluid cavities.  It consists of:

100 mM HEPES pH 6.9-7.0 titrated with KOH

50 mM EGTA titrated to pH 7.0 with KOH

10 mM MgSO4
400 mM – 1 M Dextrose

2% Formaldehyde from EM-grade 20%

0.2% Glutaraldehyde from 50% unbuffered stock

0.2% Acrolein from 2% stock in Cacodylate

0.2% Triton-X100

I make up this recipe leaving out 10% of the volume of distilled water, then add 1/10th volume of embryos in seawater.  The dextrose concentration is adjusted for each type of embryo (for example, purple urchins can require 1 M Dextrose in this formula to prevent swelling, whereas green urchin embryos require usually 400-600 mM) and to match salinity (which fluctuates a good deal in some years).

Because it contains dextrose the fixative doesn't mix readily, so one needs to do something (like quickly add excess fix to embryos waiting in a tube) to avoid distortion.  I usually fix embryos for 30 min. – 2 hr. on a nutator or something similar, then settle them and rinse them in PBT.  Often, embryos clump together badly while fixing but can be dissociated by pipetting.  Also it takes a while for embryos to settle through this stuff, but they will settle much faster after some PBT is added.

Ca-free and Ca/Mg-free artificial seawater

For making up fixatives it is sometimes handy to use an artificial seawater recipe prepared at 2x final concentration.  This makes it easy to add EM-grade 20% formaldehyde, rather than making it up from powder, which is very time-consuming.  I also routinely make up agarose for coating dishes in Ca-free SW (I'm not honestly sure why).  I've used Stricker & Schroeder's recipe for Ca-free and Harkey & Whiteley's recipe for Ca/Mg-free, both of which are given in M. Strathmann's book but which I've copied out below:

Ca-free:  make up separate solutions in plastic containers - glass supposedly leaches calcium - and store them in the fridge.  You will want the following stocks in about these convenient amounts

2.0 M NaCl





1 liter

0.33 M MgCl2





1 liter

0.33 M Na2SO4




1 liter

0.50 M KCl





100 ml

1 M Tris-HCl + 0.25 M EGTA pH 8.0

100 ml

0.5 M NaHCO3




100 ml

These will keep a long time without precipitating.  To make 50 ml of 2x CFSW, mix:

18.8 ml 2.0 M NaCl

14.8 ml 0.33 M MgCl2 

7.8 ml 0.33 M Na2SO4 

1.7 ml 0.50 M KCl

0.45 ml 0.50 M NaHCO3 

1.0 ml Tris/EGTA

5.45 ml RO water

Sterilize if necessary by filtering rather than autoclaving, which always makes precipitate.

If you culture urchin embryos in 1x CFSW, they do continue developing, but are not entirely normal.  Strange things happen to cell-cell contacts, and often cleavage is not completely normal.  But although the hyaline layer appears to thin, the blastomeres do not dissociate.  For that one needs to use Ca/Mg-free SW.  Strathmann quotes the following recipe:

Dissolve in 900 ml RO water:

26.22 g NaCl





449 mM

4.62 g Na2SO4 




33 mM

0.67 g KCl





9 mM

0.21 g NaHCO3 




2.5 mM

0.37 g disodium EDTA



1 mM

bring to pH 8.0 with NaOH

bring to 1000 ml with RO water





I haven't been comfortable with this recipe and prefer to use a buffer as in CFSW above, so instead I make it up with the same solutions as for CFSW, but in the following amounts for 2x CMFSW:

22.5 ml 2.0 M NaCl

10 ml 0.33 M Na2SO4 

1.8 ml 0.50 M KCl

0.5 ml 0.50 M NaHCO3 

And I add:

1.0 ml 1 M Tris / 0.25 M disodium EDTA pH 8.0

14.2 ml RO water

At least the first cleavage is blocked in CMFSW, but one can dissociate embryos after first cleavage with several washes in CMFSW followed by normal seawater.  Schroeder reported a method in which he removed the hyaline by washing just-fertilized eggs in CMFSW, then cultured them through at least 4th cleavage in CFSW.  The blastomeres apparently maintain no connections under these conditions but continue dividing.  Hyaline-free blastomeres often stick to glass and lyse, and so should be cultured in agar-bottomed dishes.  The agar should be melted to 1.5–2.0% in the appropriate medium

Strathmann gives several formulas for artificial seawater with calcium and magnesium, but I have never tried them.

Microscope tips

Köhler illumination: The Köhler light path is standard on all modern compound microscopes.  The design is intended to spread light evenly over the field of view, yet allow the viewer to adjust the light intensity and the contrast and resolution for the best view of the specimen.

First focus on something like what you plan to look at (i.e., if you plan to look at an egg on a slide, you need to focus on an egg-size thing sitting on a slide, not on a piece of dirt on the other side of the slide).  Start on the highest-power lens you plan to use.  Adjust the eyepieces for your eyes (see below).

Next, find the field diaphragm somewhere down around the base of the microscope where the light comes out.  On most lab-type scopes this will be a ring around the light source, but on research models it's often a dial on the side of the base.  Close it down almost all the way.  Find the knob that moves the condenser assembly (beneath the stage) up and down.  Adjust it until you see a sharp image of the field diaphragm.

There should be two screws on the sub-stage assembly or on the microscope base that allow you to center the image of the field diaphragm.  Once it is centered, spread the field out by opening the diaphragm to the margins of the field of view, and then if necessary re-focus the condenser with the sub-stage knob, not the focus.  Then open the diaphragm so the margin is a bit beyond the edge of the field of view, but not too far beyond.

Next find the aperture diaphragm.  This is usually either a ring around the sub-stage condenser or a small lever sticking out of it that slides in an arc.  Opening it all the way makes the image much brighter.  Closing it down makes the image much darker, makes the contrast very high, and reveals every single bit of dust that got in there the last time you left the cover off your microscope.  Adjust the aperture somewhere between the point where the light is diminished to about 80% of full brightness and the point where the brightness is cut in half.  Make it wider, and you get begin to lose both contrast and resolution in return for a lot of glare.  Make it too small, and although you may see some structures emphasized you are losing the resolution to see fine details.  However between 50% and 80% (of the amount of light, that is – these positions are different for each lens) you get a very useful trade-off control between resolution and contrast.  Of course some specimens are so clear that you must close the aperture down to see anything at all.

Remember that you should adjust the illumination level with the lamp control, not the aperture.

Eyepieces and parfocality: most modern microscopes allow one to adjust each eyepiece separately.  Make sure you adjust them for each eye – it will save you a few headaches.  First make sure the eyepieces are the correct distance apart for your eyes.  You should comfortably see a binocular image without squinting or moving your head.

Next, make sure the eyepieces are adjusted to the middle of the range (there is usually a pointer and a zero-position).  Then switch to the highest-power objective lens you plan to use, find something sharp and discrete and thin (ciliated regions like the apical tuft are good), and focus on it.  Close one eye and focus again (with the regular focus knob).  Now close the other eye, wait a bit for your eye to adjust to being open again, and then focus using the eyepiece instead.  You should now see the same image in each eye.  If your eyes are very different you may have to adjust each eyepiece to opposite extremes.

Many modern microscopes also allow one to achieve parfocality among objectives by adjusting the eyepieces.  Now that you've got your eyepieces matched with the highest-power lens, switch to the lower-power objective and refocus using only the eyepiece adjustment, if you can.  Once you've done this you should be able to switch between high and low power lenses without having to re-focus (this also works with many zoom dissecting scopes).

Darkfield: this isn't really that useful, except for things like spicules or shells in larvae and so on.  The idea is to block out all the light from the condenser that would pass through a transparent specimen and into the objective.  Thus the only things you see are those which bend light toward the objective.  Most turret-style condenser modules have a darkfield position, helpfully labeled "D".  If you have your microscope nicely adjusted for Köhler illumination, and you flip in the darkfield position, you'll probably see nothing.  That's because you need to A) turn the light all the way up; B) open the field diaphragm all the way; and C) crank the condenser up toward the slide.  At some point in this last step you should start to see refractile things on a black background.

Dust and oil: if you walk around you will see that all experienced microscopists keep their instruments carefully covered when not in use.  Well, at any rate, they should.  In the event that "someone" leaves your scope uncovered after "they" use it, start by using a compressed-air can to blow stuff off, because you want to minimize contact with any optical surface.  But a lot of dust is greasy, especially the stuff that falls of your eyelids when you blink.  The best cleaner I know of is the standard blue Windex (NOT the greenish no-drip stuff) combined with lens paper.  Just don't let the cleaner seep into the seals around any of the lenses.  

Try to clean objectives without taking them off the turret.  To clean immersion oil (or fingerprints!) off objectives, first take a clean strip of dry lens paper and draw it gently and evenly over the front element to pick off most of the oil.  Then do the same with a strip with a drop of Windex on it, and again until you see no oil droplets coming off the lens.  Finally use lens paper to dry the fittings around the front element.

Note: KimWipes are NOT lens paper.  Don't use them on any optical glass, not even your glasses.  If you need it demonstrated how abrasive they are, next time you have a cold, try blowing your nose only on KimWipes until you get better.  On the other hand, despite warnings from cranky old purists, sales and service reps almost all use cotton swabs to clean objectives.

Dealing with coats around embryos

Some embryos come invested with various extracellular coats that may or may not need to be removed to obtain good fixation and staining.  For a few groups reliable chemical methods have been reported.  For many others, one may have to manually remove coats.  In the many cases for which no one has worked out a chemical method, the approaches below might provide a good starting point.  3-ATA, for example, apparently works on several different species besides echinoderms (such as the shrimp Sicyonia).  Many coats probably develop sulfhydryl linkages between coat proteins during the hardening process, hence the usefulness of thioglycolate (see below).

Echinoids:
One can strip the fertilization envelope off of Dendraster embryos just by running the fertilized eggs through 130 m Nitex before they harden.  Batches of eggs vary a bit, but most can be stripped within 5–30 min. of fertilization.

Other echinoids require some sort of treatment to inhibit hardening.  I use 3-aminotriazole (3-ATA) which is relatively cheap and effective at low concentration (although it may not work for Dendraster).  I use ~1 mM 3-ATA in seawater; add 160 mg to 2 liters, and it dissolves instantly.  Add fertilized eggs to 100 ml or so of this solution, and fertilize them in it.  Use the 3-ATA SW for any rinses you do up until the time you strip the eggs.  Stripping means running the eggs in a large volume through Nitex mesh.  For purple urchins use 66 m mesh, for green urchins use 153 m.  It should not be necessary to run the eggs through more than once or twice, and more will hurt them.  The hyaline layer takes a while to form in green urchins, and if you strip them before the hyaline layer has matured in some way, the eggs will stick together (unless you dissolve the hyaline layer with Ca/Mg-free artificial seawater, in which case you'll probably have other sticking problems).  I find I need to wait 75–90 min. after fertilization for greens, but only about 30 min. for purples.

Para-amino-benzoic acid is another additive that prevents envelope hardening, but you must use more (5 mM) and it is light-sensitive so needs to be made up fresh.  On the other hand, 3-ATA is a "cancer suspect agent" and PABA, well, judging from the sun-block section of the drugstore, is probably safe.

M. Strathmann's book also describes procedures for using Ca/Mg- and Ca-free seawater to remove envelopes, and there is a method in there that uses Urea as well.  However both of these treatments do strange things sometimes to cleavage-stage embryos, and require more work, so I stick with 3-ATA and PABA.

Asteroids:

10 min. treatment with 0.1% Pronase, a bacterial protease sold by Calbiochem, combined with gentle disruption like shaking and pipetting, will remove fertilization envelopes from eggs of Pisaster and several other starfish.

Another method, which I have not yet tried, involves treating eggs for a few minutes with 1% Sodium thioglycolate in SW adjusted to pH 10 with NaOH.  This works for ascidians, when combined with protease, so it's worth trying.

Ophiuroids:

The fertilization envelope that forms around Ophiopholis eggs becomes very tightly stretched around early-cleavage embryos, and indeed after first or second cleavage it is difficult to tell if it is there at all.  I have gotten very good staining of microtubules in 4-16 cell embryos by culturing the embryos in <1 mM 3-ATA for the first hour to keep the envelope soft, and sieving them through 100- or 130-m Nitex.  However since I cannot reliably see the envelope with DIC, I do not know if it is actually stripped away by this treatment.

Bivalves:

Unlike some other molluscs, the coats around many bivalve eggs, including Crassostrea, Chlamys, and Acila, seem to be transparent to fixative.  These coats, although they are definitely present, do not seem to inhibit antibody penetration significantly, nor do they prevent fixed embryos from adhering to poly-lysine-coated glass, so I leave them alone.  It is possible that divalent-cation-free SW may dissolve these coats to some extent, and since I usually include high levels of EGTA in my fixative, perhaps I am permeabilizing them without knowing it.

Ascidians:

Treatment with 0.1% protease (Sigma type XIV) in 1% Na-thioglycolate at pH 10 removes the chorion and follicle cell layer from Boltenia and other stolidobranch eggs.  In at least some species (like Boltenia) the chorion can be removed before fertilization, as long as a great excess of sperm are used to fertilize the denuded eggs, and all the fertilized eggs will develop normally to tadpoles.

The amount of protease to use varies from species to species, as does the time required, and the reaction must be carefully monitored to avoid damaging the eggs.  Once the envelopes disappear, the eggs need to be pelleted quickly and the protease solution quickly washed out as extensively as possible.

Ed Munro used the protease alone at 1% to remove chorions from mature Corella inflata oocytes.  I found that 0.1% protease removes larvacean (Oikopleura dioica) chorions within 10 min., but leaves them so sticky that they form one big mat; possibly the thioglycolate would remedy this.

Polychaetes:

Render used a solution of 0.5 M Sucrose and 0.125 M trisodium citrate to remove the thick membranes from Sabellaria embryos.  She treated early embryos for 10 min., then settled them and washed several times in normal seawater.  I can attest this procedure works, but the embryos can be quite sticky.  Adding BSA might solve this.

Drosophila:
The fruit-fly egg comes in a chorion that is easily removed by immersion for 90-120 sec. in 50% household bleach.  The vitelline envelope beneath that, however, is truly impermeable to almost anything.  The standard fixation method requires heptane or octane to knock holes in the membrane: aqueous fixative is placed in a clean glass tube under an equal volume of heptane, and embryos sit at the bilayer between the two phases.  This method usually requires stronger and longer fixation, and also agitation.  Once the embryos have been adequately fixed, the vitelline can be removed either with glass or tungsten needles, or by replacing all the aqueous phase with 100% methanol.

I do not know how widely this method has been tried outside of insects, but it might be worth trying if other approaches fail. 

Some eggs that come without coats:
• most hydrozoan medusae, with the exception of Aglantha according to Freeman, spawn completely naked eggs.

• the large snail Fusitriton lays eggs in capsules of several thousand; inside the capsules the eggs are completely naked, as I have seen in the SEM.

• the large nudibranch Tritonia lays millions of eggs in a gooey strand, and the eggs are encapsulated in batches of several dozen; the capsules are easily torn open, releasing naked embryos (again verified by SEM).

Tungsten needles

You need several things: a saturated solution of KOH, a glass dish with a lid, a low-voltage power supply (6-12 volts - i.e. from a toy train set or an old microscope), a couple of alligator clips, a thin piece of copper, a metal wire holder, and some thin tungsten wire (0.2-0.4 mm thick).

Attach the alligator clips to the ends of two separate wires coming out of the power supply.  One will go to the piece of copper, which is one electrode, and the other attaches to the needle holder, which becomes the other electrode.

Bend the copper strip so that it fits over the edge of the dish, and attach one alligator clip to the edge.  Fill the dish with KOH solution and keep it covered when not in use.

Clip off a few centimeters of wire and insert it into the holder, and clamp the holder tight with pliers.  Attach the other alligator clip to the handle.  Turn on the power supply and dip the needle a few mm into the KOH.  It will bubble as it sharpens.  It take a little while to get a needle going, but once there's a point on it, re-sharpening usually takes only a few seconds.

� NP-40 may be identical to Triton X-100.  It is surprisingly difficult to get a straight answer on this; I've asked three people in tech support at different companies, and gotten the answer, "Yes, they're the same" and then after a moment, "well, they're interchangeable… if there's any difference it's very slight" and then a little later, "well, they're chemically a little different but it's not significant."  Hmm.  I can only say that when added to fixative they behave slightly differently.


� Following a tech tip in the EMS catalog about embedding samples in Epon-like resins, we recently found that an acetonitrile series may work just as well as, perhaps in some ways better than, isopropanol.  However acetonitrile is incompatible with scotch tape (it's quite fascinating what it does to scotch tape…) and it seems to cause more shrinkage than isopropanol on some cells (esp. urchin embryos).


� Steps will have to be longer for embryos >250 um in diameter 
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